Adhesion between cardiac myocytes is essential for the heart to function as an electromechanical syncytium. Although cell-matrix and cell-cell adhesions reorganize during development and disease, the hierarchical cooperation between these subcellular structures is poorly understood. We reasoned that, during cardiac development, focal adhesions mechanically stabilize cells and tissues during myofibrillogenesis and intercalated disc assembly. As the intercalated disc matures, we postulated that focal adhesions disassemble as systolic stresses are transmitted intercellularly. Finally, we hypothesized that pathological remodeling of cardiac microenvironments induces excessive mechanical loading of intercalated discs, leading to assembly of stabilizing focal adhesions adjacent to the junction. To test our model, we engineered μtissues composed of two ventricular myocytes on deformable substrates of tunable elasticity to measure the dynamic organization and functional remodeling of myofibrils, focal adhesions, and intercalated discs as cooperative ensembles. Maturing μtissues increased systolic force while simultaneously developing into an electromechanical syncytium by disassembling focal adhesions at the cell-cell interface and forming mature intercalated discs that transmitted the systolic load. We found that engineering the microenvironment to mimic fibrosis resulted in focal adhesion formation adjacent to the cell-cell interface, suggesting that the intercalated disc required mechanical reinforcement. In these pathological microenvironments, μtissues exhibited further evidence of maladaptive remodeling, including lower work efficiency, longer contraction cycle duration, and weakened relationships between cytoskeletal organization and force generation. These results suggest that the cooperative balance between cell-matrix and cell-cell adhesions in the heart is guided by an architectural and functional hierarchy established during development and disrupted during disease.
Adhesion between cardiac myocytes is essential for the heart to function as an electromechanical syncytium. Although cell-matrix and cell-cell adhesions reorganize during development and disease, the hierarchical cooperation between these subcellular structures is poorly understood. We reasoned that, during cardiac development, focal adhesions mechanically stabilize cells and tissues during myofibrillogenesis and intercalated disc assembly. As the intercalated disc matures, we postulated that focal adhesions disassemble as systolic stresses are transmitted intercellularly. Finally, we hypothesized that pathological remodeling of cardiac microenvironments induces excessive mechanical loading of intercalated discs, leading to assembly of stabilizing focal adhesions adjacent to the junction. To test our model, we engineered μtissues composed of two ventricular myocytes on deformable substrates of tunable elasticity to measure the dynamic organization and functional remodeling of myofibrils, focal adhesions, and intercalated discs as cooperative ensembles. Maturing μtissues increased systolic force while simultaneously developing into an electromechanical syncytium by disassembling focal adhesions at the cell-cell interface and forming mature intercalated discs that transmitted the systolic load. We found that engineering the microenvironment to mimic fibrosis resulted in focal adhesion formation adjacent to the cell-cell interface, suggesting that the intercalated disc required mechanical reinforcement. In these pathological microenvironments, μtissues exhibited further evidence of maladaptive remodeling, including lower work efficiency, longer contraction cycle duration, and weakened relationships between cytoskeletal organization and force generation. These results suggest that the cooperative balance between cell-matrix and cell-cell adhesions in the heart is guided by an architectural and functional hierarchy established during development and disrupted during disease.
adherens junctions | sarcomere | mechanotransduction | extracellular matrix I n the adult heart, healthy ventricular tissue is characterized by spatial segregation of cell-matrix adhesions to transverse myocyte borders (1) and cell-cell adhesions to longitudinal myocyte borders (2) . Many cardiomyopathies are characterized by lateralization of cell-cell adhesions (3) (4) (5) , increased expression of cell-matrix adhesions (6, 7) , and arrhythmogenesis (8) , suggesting that spatially organized adhesion is essential for effective eletromechanical coupling (9) . Although in vivo studies have shown that localization of cell-matrix and cell-cell adhesions is developmentally regulated (10) (11) (12) (13) , the factors that regulate their assembly and disassembly are not well understood.
Cell-matrix adhesions are especially important during organogenesis, anchoring developing cells and tissues to the extracellular matrix (ECM) (14) and directing cell migration (15) (16) (17) . As development progresses, cell-matrix adhesions must selectively disassemble so that cell-cell adhesions can form (18) . In the heart, this exchange of adhesion sites occurs while myocytes are contractile (19, 20) , indicating that myofibrils, cell-cell, and cellmatrix adhesions must cooperatively remodel without compromising cardiac output. Because cell-matrix (21) (22) (23) (24) and cell-cell adhesions (25, 26 ) are mechanosensitive, mechanical forces likely serve as cues for remodeling adhesions and assembling tissues. In vitro studies have demonstrated that cytoskeletal tension (27) and exogenous cyclic strain (28, 29) promote cell-cell adhesion and tissue assembly in many cell types. Culturing noncardiac cells on stiff substrates tips the balance of adhesion in favor of focal adhesions and away from cell-cell adhesions (30) (31) (32) , suggesting that mechanical forces can modulate the assembly or disassembly of tissues. Many cardiomyopathies are characterized by increased fibrosis and tissue stiffening (33, 34) , suggesting that cardiac myocytes might be similarly sensitive to tissue compliance and favor focal adhesion formation over cell-cell junction formation in a fibrotic microenvironment.
We hypothesized that focal adhesions mechanically stabilize myocytes during tissue assembly, when myofibrils are contractile but the intercalated disc is not yet fully assembled. We postulated that focal adhesions disassemble as intercalated discs mature such that systolic forces are transmitted intercellularly. Furthermore, we reasoned that stiff microenvironments potentiate excessive intrinsic loading that destabilizes the intercalated disc and induces focal adhesion formation near the cell-cell junction. We modeled developing, healthy, and diseased cardiac tissue by engineering μtissues composed of two neonatal rat ventricular myocytes on deformable substrates of tunable elasticity. To characterize progressive stages of tissue assembly, we cultured μtis-sues on physiological substrates and measured structural and functional outputs over time. μtissues gradually increased systolic force generation, disassembled focal adhesions near the cell-cell interface, and formed intercalated discs to transmit the systolic load. To mimic diseased myocardium, we cultured μtissues on stiff substrates and observed further increases in force generation, maladaptive functional remodeling, and focal adhesion formation adjacent to the cell-cell interface. These data suggest that regulation of cell-matrix and cell-cell adhesions during cardiac development is guided by an intrinsic hierarchy that is altered in disease due to mechanical remodeling of the microenvironment.
Results

ECM Regulates
Cooperative Intra-and Intercellular Assembly. We hypothesized that focal adhesion attachments to the ECM are important in development for directing migration and myofibrillogenesis and stabilizing myocytes as they become contractile. However, we suspected that focal adhesions adjacent to the cellcell junction disassemble once the intercalated disc is capable of transmitting systolic loads intercellularly. To test this model, we engineered rectangular μtissues consisting of two neonatal rat ventricular myocytes on micropatterned fibronectin (FN) islands and monitored them over time. Eight hours after seeding, spreading myocytes typically protruded along a lateral edge of the island, independent of whether one (Fig. 1A) or two myocytes (Fig. 1B) adhered to the island. After 12 h, μtissues filled the island and striated myofibrils and sigmoid-like cell-cell interfaces were observable ( Fig. 1 C and D) . In contrast, myocytes on substrates coated with uniform FN extended randomly oriented protrusions before forming confluent, isotropic monolayers (Fig. S1 A-C). Cell-cell junctions were relatively linear (Fig. S1D) and perpendicular to myofibrils, characteristic of junctions in vivo (2) . These results indicate that cell-ECM interactions guide cell spreading and myofibrillogenesis early in tissue assembly, influencing cell-cell junction formation by regulating myocyte shape.
Although focal adhesions are critical early in tissue assembly, we reasoned that focal adhesions near the cell-cell interface disassemble as adjacent intercalated discs establish intercellular mechanical continuity. To investigate this, we immunostained for paxillin to monitor differences in focal adhesion localization between μtissues cultured on micropatterned polyacrylamide gels with physiological stiffness (13 kPa) (35) for 1 d (Day 1) and 4 d (Day 4) to represent immature and mature tissues, respectively. At Day 1 (Fig. 1E) , paxillin signal, although relatively diffuse, was detected in plaques at the longitudinal ends of the μtissue, colocalized with terminating myofibrils. Paxillin plaques were also detected near the cell-cell interface, suggestive of focal adhesion formation. At Day 4 (Fig. 1F) , paxillin signal was localized to the longitudinal ends of the μtissue in larger and more distinct plaques. Near the cell-cell interface, paxillin signal appeared relatively weak, suggesting that focal adhesions near the cell-cell interface disassembled over the course of tissue maturation.
Because both cell-matrix and cell-cell adhesions anchor the cytoskeleton, we reasoned that cell-cell junction morphology is constrained by cell-matrix adhesions and regulated by the stage of tissue assembly. In Day 1 and 4 μtissues, the cell-cell junction had a sigmoid-like contour, similar to yin-yang interfaces observed in migrating endothelial cells constrained to FN islands (17) and diagonal interfaces in patterned myocyte pairs (36) . To quantify this, we measured junction geometry while varying μtissue length to width ratio (μLW) (Fig. 1 G-J) . We defined the longitudinal and transverse axis of the μtissue as the x and y axis, respectively, and fit the junction to the logistic function for a sigmoid curve, f J ¼ a 1þe −bx . The quantity a · b represents slope at the μtissue center, where x ¼ 0 (Fig. 1K) . We grouped together μLW 2-8 and 8-12 and found that, at both Day 1 and 4, slope was lower for μLW 8-12 compared to μLW 2-8 ( Fig. 1L) . Junction slope decreased between Day 1 and 4 for μLW 8-12 (Fig. 1L) , likely because myocytes were still remodeling their adhesions and myofibrils at this early time point. We quantified time-dependent changes in cytoskeletal architecture by calculating the actin orientational order parameter (OOP), which ranges from 0 for isotropic to 1 for perfectly aligned systems (37) , and found a slight, but not statistical, increase in actin OOP between Day 1 and 4 for μLW 2-8 and 8-12 ( Fig. 1M) . At both Day 1 and 4, the OOP for μLW 8-12 was higher than μLW 2-8 due to increased myofibril alignment at higher μLW. These data suggest that myofibrillogenesis and remodeling of cellmatrix and cell-cell adhesions are cooperative processes in cardiac development.
Systolic Force Output Increases as Tissues Assemble. Based on our structural data, we reasoned that the magnitude of peak systolic traction force transmitted to the ECM near the cell-cell interface decreased as μtissues disassembled focal adhesions, formed mature cell-cell junctions, and transmitted systolic forces intercellularly. To generate traction stress vector maps of the substrate, we cultured μtissues on micropatterned polyacrylamide gels (13 kPa) doped with fluorescent microbeads for traction force microscopy (TFM) (38) . With each spontaneous contraction, μtissues deformed the gel and displaced the fluorescent beads, which was captured with a CCD camera at 40 Hz. Bead displacement was measured, yielding displacement vector maps used to calculate traction stress vector maps during contraction and relaxation (37, 38) . Following TFM measurements, μtissues were immunostained for actin, β-catenin, and nuclei to examine cytoskeletal structure and identify the cell-cell junction. At Day 1 (Fig. 2 A and B) , we detected peak systolic traction stresses at the longitudinal ends of the μtissue and near the cell-cell interface, consistent with the presence of focal adhesions. At Day 4 ( Fig. 2 C and D) , peak systolic traction stresses were reduced, or not detected, near the cell-cell interface, suggesting that contractile force was transmitted primarily through the cell-cell junction instead of focal adhesions. Based on the location of the β-catenin immunosignal, we determined traction stress vectors contributed by each myocyte, calculated traction force vectors (~T n ) by multiplying traction stress at each grid point n by the grid unit surface area, and calculated the average longitudinal tension through a cross-section of each myocyte (N xx;cell ) (Fig. 2E) . We plotted N xx;cell1 and N xx;cell2 through a single contraction cycle for the Day 1 ( D and E), demonstrating that μtissues had electrical continuity via gap junction channels (39) . These results suggest that, between Day 1 and 4, myocytes become synchronous and transmit force across the cell-cell junction instead of to the ECM near the cellcell interface, indicative of focal adhesion disassembly and intercalated disc maturation.
To correlate adhesion remodeling to systolic force generation, we calculated the average longitudinal tension through a crosssection in Day 1 and 4 μtissues (N xx;μtissue ) and adapted a previously published method (40) to calculate forces exerted against the junction by cells 1 (~F J;cell1 ) and 2 (~F J;cell2 ) (Fig. 2E) . Because each myocyte must be in mechanical equilibrium, the vectorial sum ofT n associated with each myocyte indicates the force exerted against the cell-cell junction (~F J;Cell ¼ −∑ CellTn ) (Fig. 2E ). The magnitude of the x-component of~F J;Cell indicates the longitudinal cell-cell junction force (F x;J;Cell ¼ j∑ Cell T x;n j). As shown in Fig. 2 H and I, N xx;μtissue , F x;J;cell1 , and F x;J;cell2 did not change between Day 1 and 4 for μLW 2-8. However, N xx;μtissue , F x;J;cell1 , and F x;J;cell2 increased significantly between Day 1 and 4 for μLW 8-12, likely because myofibrils are longer at higher μLW and require more time to mature. Thus, in μtissues with high μLW, systolic force generation increases while adjacent focal adhesions disassemble and intercalated discs mature, indicating that force generation and tissue formation occur on similar time scales and are potentially linked.
Stiff Microenvironments Induce Maladaptive Remodeling of Contractile Function. Cardiac myocytes remodel in response to changes in the physical microenvironment. For example, the elastic modulus of embryonic cardiac tissue ranges from 1-6 kPa and increases to 10-15 kPa in the adult heart, which is reported to increase beating rate, myofibril maturation, and work output in cultured myocytes (35, 41) . Increases in tissue stiffness beyond 50 kPa are characteristic of many cardiomyopathies due to excessive fibrosis (33) , which is reported to inhibit contraction and promote stress fiber formation in vitro (35, 41) and exceeds the elastic modulus of isolated, relaxed myofibrils (42) . We hypothesized that increased stiffness of the cardiac microenvironment induces maladaptive remodeling of contractile function and alters the balance between cell-matrix and cell-cell adhesion. To test this, we performed TFM and paxillin immunostaining on μtissues cultured on gels with low (1 kPa), moderate (13 kPa), and stiff (90 kPa) elastic moduli to characterize stiffness-dependent changes to contractile function and focal adhesion formation. With increasing elastic modulus, peak systolic displacement decreased, force generation increased, and focal adhesion size at the longitudinal ends increased (Fig. 3 A-C) . Stiffness-dependent changes to displacement and stress generation are illustrated by the slopes of traces relating the maximum traction stress vector (max :jσ x;μtissue j) to the maximum displacement vector (max :jΔx μtissue j) in the longitudinal direction (Fig. 4A) . By plotting peak systolic N xx;μtissue , F x;J;cell1 , and F x;J;cell2 for each stiffness (Fig. 4B) , we found a relationship analogous to the Frank-Starling law, where force generation increases in response to increased load (43) or mechanical stretch (44) . We also calculated average peak systolic work as a function of stiffness, which is an important parameter for evaluating cardiac function because effective pumping is dependent on force generation and shortening. We found that peak systolic work increased from soft to moderate substrates but did not further increase from moderate to stiff substrates (Fig. 4B) . Thus, μtissues on stiff substrates generate significantly more force to produce similar magnitudes of work as on moderate substrates.
Previous reports observed that contraction cycle duration is prolonged in aging myocardium (45, 46) and that force-frequency relationships are defective in heart failure models (47) . We asked if microenvironmental elasticity regulates contraction cycle dynamics. The duration of contraction, averaged for all μLW on each stiffness, increased as the substrate stiffened, although only soft and stiff substrates were statistically different (Fig. 4C) . Furthermore, μtissues on stiff substrates had prolonged peak systole (Fig. S3 ), similar to previous reports (35) .
In addition to changes in tissue compliance, cardiac disease is associated with remodeling of myocyte shape and cytoskeletal architecture (48) , which is thought to be a compensatory response to mechanical overload (49) . We asked if substrate stiffness affects relationships between tissue geometry and force generation to determine if the physical microenvironment affects intrinsic compensatory mechanisms. We grouped together μLW 2-4, 4-8, and 8-12 and found that, on soft and moderate substrates, peak systolic N xx;μtissue was highest at μLW 8-12 (Fig. 4D) , likely because myofibril length and alignment are maximized. The sample size for μLW 8-12 on soft substrates is low (n ¼ 2) because these μtissues typically generated enough force to deform the highly compliant substrate out of the microscope focal plane, hindering two-dimensional TFM. Our data are likely the weakest of the population, explaining the lack of significance between μLW 4-8 and 8-12. Interestingly, peak systolic N xx;μtissue was not dependent on μLW for stiff substrates (Fig. 4D ), suggesting that substrate stiffness dominates over tissue architecture when the elastic modulus is very high. We also quantified actin OOP and cell-cell junction slope for μtissues on each substrate to identify any structural variability that could contribute to these functional differences and found that both parameters were independent of stiffness (Fig. S4) . Collectively, these data show that, although stiff microenvironments increase force generation, the overall effect is maladaptive, as demonstrated by decreased work efficiency, increased contraction cycle duration, and weakened relationship between cytoskeletal organization and force generation.
Focal Adhesions Reinforce Cell-Cell Junctions in Stiff Microenvironments. Diseased cardiac tissue is characterized by remodeling of cell-ECM and cell-cell adhesions (3-7) and decreased tissue compliance (33) . We asked if stiff microenvironments affect the balance between cell-cell and cell-matrix adhesions, as reported for noncardiac cells (30) (31) (32) . On stiff substrates, we often observed traction force and focal adhesions near the cell-cell interface (Fig. 3C ), similar to Day 1 μtissues (Fig. 2B) , suggesting that μtissues on stiff substrates have increased focal adhesion formation near the cell-cell interface. To quantify differences in force transmission to the cell-cell junction relative to the ECM for a given μtissue, we calculated the ratio of F x;J;cell to N xx;cell at peak systole for each myocyte and averaged together significantly increased between μLW 2-8 and 8-12 (Fig. 4E) , indicating that μtissues with high μLW transmit relatively more force to the cell-cell junction than the ECM. For all μLW, peak systolic F x; J;cell N xx; cell was not statistically different between soft and moderate substrates. However, peak systolic F x; J; cell N xx;cell was significantly lower on stiff compared to moderate substrates at μLW 8-12, indicating decreased force transmission to the cell-cell junction relative to the ECM. On stiff substrates, peak systolic F x; J;cell N xx; cell was similar between μLW 2-8 and 8-12, indicating that this parameter is not regulated by μLW on stiff substrates. Our results suggest that, in stiff microenvironments, cardiac myocytes generate more force, which excessively loads the intercalated disc. This triggers focal adhesion assembly Magnitudes of maximum stress vectors in the x-direction (max :jσ x;μtissue j) plotted against magnitudes of maximum displacement vectors in the x-direction (max :jΔx μtissue j) for multiple μtissues during contraction cycles. (B) Average peak systolic N xx;μtissue ,F x;J;cell1 , F x;J;cell2 , and work plotted for μtissues on each stiffness. Bars ¼ standard error; *p < 0.05 relative to moderate substrates; n ≥ 11 μtissues for each stiffness. (C) Average duration of contraction for μtissues on each stiffness. Bars ¼ standard error; *p < 0.05; n ≥ 10 for each stiffness. (D) Peak systolic N xx;μtissue plotted as a function of μLW for μtissues grouped by μLW 2-4 (soft: n ¼ 4, moderate: n ¼ 5, stiff: n ¼ 4), 4-8 (soft: n ¼ 4, moderate: n ¼ 6, stiff: n ¼ 3), and 8-12 (soft: n ¼ 2, moderate: n ¼ 9, stiff: n ¼ 5). Bars ¼ standard error; *p < 0.05 relative to μLW 8-12 for the same stiffness. (E) Average peak systolic F x;J;cell ∕N xx;cell for μtissues grouped by μLW 2-8 (soft: n ¼ 8, moderate: n ¼ 11, stiff: n ¼ 7) and 8-12 (soft: n ¼ 2, moderate: n ¼ 9, stiff: n ¼ 6). Bars ¼ standard error; *p < 0.05. adjacent to the cell-cell interface as a maladaptive means of structurally reinforcing the cell-cell junction, with the potential to disrupt mechanotransduction within the tissue.
Discussion
Remodeling of cell-matrix and cell-cell adhesions is important during cardiac development and disease. Here, we engineered cardiac μtissues in vitro to characterize the dynamic organization and functional remodeling of myofibrils, cell-cell, and cell-matrix adhesions during morphogenesis and pathogenesis. Our hypothesis for developmental and pathological regulation of adhesions is illustrated in Fig. 5 . At early stages of tissue formation, we observed focal adhesion disassembly near the cell-cell interface coincident with maturation of the intercalated disc and transmission of systolic forces across the cell-cell boundary, suggesting that mature, healthy cardiac tissues preferentially form and maintain cell-cell junctions instead of focal adhesions at their longitudinal borders. On stiff substrates, we observed focal adhesion formation adjacent to the cell-cell interface, suggesting that fibrotic microenvironments destabilize cell-cell adhesion due to increased force generation, which stimulates focal adhesion formation.
In the heart, cell-matrix adhesions anchor maturing cells and tissues to the ECM (14) and direct cell migration and morphogenesis (15) (16) (17) ; however, robust cell-cell adhesion is critical to the primary function of many tissues, including barrier function of blood vessel endothelium (50) and formation of an electromechanical syncytium in the heart (9). Our model system recapitulates in vivo observations that focal adhesions decrease as cell-cell junctions increase at longitudinal myocyte borders during cardiac development (10) (11) (12) (13) . Our data combined with previous reports suggests that cell-matrix adhesions are critical early in development before cell-cell adhesions are fully mature; however, as development progresses, cell-cell adhesions are ultimately favored at longitudinal myocyte borders, suggestive of a developmentally regulated hierarchy of adhesion that drives the assembly and maintenance of well-coupled tissues.
In noncardiac preparations, increases in substrate stiffness promote cell-cell decoupling and focal adhesion formation (30) (31) (32) . Similarly, many cardiomyopathies, such as myocardial infarction, are characterized by increased fibrosis and tissue stiffening (33, 34) , increased integrin expression (6, 7), and uncoupling between myocytes (3-5), indicating that myocytes increase matrix adhesion while decreasing cell-cell adhesion. Our results suggest that stiffness-mediated increases in force generation necessitate compensatory assembly of focal adhesions adjacent to the intercalated disc to structurally reinforce the junction, which is consistent with reports that cadherin-cadherin adhesions have lower failure strengths than integrin-ECM adhesions (51) (52) (53) .
On stiff substrates, several functional parameters of μtissues deviated from those on physiological substrates, providing new insight into stiffness-dependent maladaptive remodeling. First, because μtissues on stiff substrates generated more force to attain similar magnitudes of work as on moderate substrates, energy demands in stiff microenvironments are likely greater, which could contribute to metabolic remodeling that accompanies cardiomyopathies such as pathological hypertrophy (54) . Second, contraction cycle duration increased on stiff substrates, similar to observations in aging myocardium (45, 46) , suggesting that decreased tissue compliance is sufficient to disrupt contraction cycle dynamics and could contribute to altered force-frequency relationships (47) . Finally, the average peak systolic longitudinal tension generated by μtissues was uncorrelated to tissue geometry only on stiff substrates, suggesting that structural remodeling of myocyte shape, which is an important compensatory mechanism, is adaptive only in cellular microenvironments with mechanical compliances corresponding to the healthy heart.
In similar studies, the cell-cell junction force exerted by nonmyocytes ranged from 20 to 200 nN (27, 40) . We measured peak systolic junction forces up to 1,000 nN in cardiac μtissues on physiological substrates, suggesting that cardiac intercalated discs are exposed to substantially higher forces than cell-cell junctions in other organs, potentially explaining why the heart is especially vulnerable to mutations of cell-cell adhesion proteins, such as desmoplakin (55) (56) (57) . Beyond playing a role in tissue assembly, mechanical forces activate mechanotransduction and signaling at adhesion sites (22) (23) (24) (25) (26) , indicating that cellular physiology could be affected by altered force transmission. Furthermore, because cell-cell junctions are critical for gap junction formation (58), stiffness-dependent remodeling of cell-cell adhesion could contribute to gap junction redistribution and arrhythmogenesis associated with many cardiomyopathies (3) (4) (5) 8) . In summary, these results suggest that cell-matrix adhesions are important for directing myofibrillogenesis during early development but are progressively replaced with cell-cell adhesions at longitudinal myocyte borders as the tissue matures and preferentially transmits systolic loads intercellularly. This functional hierarchy can be perturbed in disease due to increased stiffness of the microenvironment, with focal adhesion assembly near the cell-cell interface indicative of a compensatory effort by the myocyte to maintain the structural integrity of the tissue.
Materials and Methods
Experimental methods are described in detail in the SI Materials and Methods; a brief description is included here.
Micropatterning of Polyacrylamide Gels. Fibronectin was cross-linked with biotin using Sulfo-NHS-LC-Biotin (Pierce). Polyacrylamide gel substrates were fabricated with the following elastic moduli and acrylamide/bis concentrations: 1 kPa: 5∕0.1%; 13 kPa: 7.5∕0.3%; 90 kPa: 12∕0.6% (59). Elastic moduli were verified with atomic force microscopy (60) (Fig. S5 A and B) . Streptavidin-acrylamide and 200 nm fluorescent beads were added to the gel solution for a final concentration of 1∶5 and 1∶100, respectively, by volume. Polyacrylamide gels were cured on activated 25 mm coverslips and microcontact printed (61) with biotinylated FN (62) after carefully drying the gel surface by incubating at 37°C for 10 min (Fig. S5C) .
Cell Culture. All procedures were conducted according to the guidelines of the Harvard University Animal Care and Use Committee. Ventricular myocytes from 2-d-old Sprague-Dawley rat hearts were isolated and cultured using previously described protocols (37, 39) . 15;000-50;000 cells∕cm 2 were seeded on substrates. Epinephrine (0.2 μM) was added for the first and last 24 h in culture to maintain spontaneous beating.
Traction Force Microscopy. High-resolution TFM was used to image bead displacement in spontaneously contracting myocytes cultured on micropatterned polyacrylamide gel substrates (37, 38) . Following the experiment, coverslips were fixed, immunostained for β-catenin, and imaged to identify the cell-cell junction. Methods used to acquire displacement and traction stress vectors from bead displacement images have been previously described (37, 38) . The traction stress field was calculated from the displacement map using Fourier transform traction cytometry methods. The techniques used to calculate N xx;cell ,~F J;cell , and N xx;μtissue are described in detail in the SI Materials and Methods.
Statistics. Data are displayed as mean AE standard error. Data were statistically analyzed using student's t-test, with p < 0.05 considered significant.
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Photolithography and Microcontact Printing. Photolithographic masks for microcontact printing (1) were designed in AutoCAD (Autodesk Inc.). One mask consisted of rectangles 12 μm wide and 40-160 μm long. The second mask, which was used for all traction force microscopy (TFM) studies, consisted of rectangles of approximately 1;200 μm 2 surface area and variable length to width ratios (2∶ 25 μm × 50 μm; 4∶ 17 μm × 68 μm; 8∶ 12 μm × 96 μm; 12∶ 10 μm × 120 μm). Our mask design also included an indexing system, allowing us to track the locations of μtissues throughout our experimental protocols. Silicon wafers (Wafer World) spin-coated with SU-8 2002 photoresist (MicroChem Corp) were positioned under the custom photomasks using a mask aligner (ABM Inc.). Wafers were then exposed to UV light, submerged in propylene glycol methyl ether acetate to dissolve masked regions, and used as templates for making polydimethylsiloxane (PDMS, Sylgard 184, Dow Corning) stamps. Fabricated PDMS stamps were coated with 25 μg∕mL human fibronectin (FN) (BD Biosciences) for stamping on PDMS coverslips or 200 μg∕mL biotinylated FN for stamping on streptavidin-doped polyacrylamide gels and incubated for 1 h. Glass coverslips spin-coated with PDMS were treated in a UV-ozone cleaner (Jelight Company, Inc.) immediately prior to stamping with FN. Polyacrylamide gels doped with streptavidin-acrylamide were dried prior to stamping with biotinylated FN. Stamps coated with FN or biotinylated-FN were dried and inverted onto the coverslip or gel, respectively, to transfer the protein. After stamping, PDMS coverslips were incubated in 1% Pluronic F108 (BASF) to prevent cell adhesion to unstamped regions.
Cell Culture. All procedures were conducted according to the guidelines of the Harvard University Animal Care and Use Committee. Ventricles from 2-d old Sprague-Dawley rat hearts were explanted and minced and a cell suspension was obtained by incubating the tissue with 1 mg∕mL trypsin at 4°C for 12 h, followed by four 1 mg∕mL collagenase (Worthington Biochemical Corp.) digestion steps at 37°C for 2 min each. To decrease nonmyocyte cell populations, the cell suspension was preplated twice for 45 min. The cell suspension was then seeded on the patterned coverslips at a concentration of 15;000-50;000 cells∕cm 2 . Epinephrine (0.2 μM) was added for the first 24 h in culture. Cultures were maintained in M199 media supplemented with 10% heatinactivated fetal bovine serum (FBS), 10 mM Hepes, 0.1 mM MEM nonessential amino acids, 20 mM glucose, 2 mM L-glutamine, 1.5 μM vitamin B-12, and 50 U∕mL penicillin for the first 2 d in culture, at which point the FBS concentration was lowered to 2% for the remaining days in culture. Epinephrine (0.2 μM) was added again for the final 24 h in culture to maintain spontaneous beating.
Dual Voltage Clamp Recordings of Intercellular Conductance. The EPC 10 USB Double Patch Clamp Amplifier (HEKA Electronic) was used to measure junctional conductance using previously described protocols (2) . Briefly, myocyte μtissues cultured on PDMS for 3-5 d were selected for dual voltage clamp experiments using the whole-cell recording mode at room temperature. Blebbistatin (10 μM) was added immediately before beginning experiments to block contraction (3), which can interfere with seal formation between the pipette and cell membrane. After establishing giga-seals on each cell membrane, the membrane potential of both cells was clamped to the same voltage
. Cell 1 was then stimulated with a 10 mV voltage pulse (V j ¼ 10 mV) and current was measured from both cells (I cell1 ¼ −I cell2 ). The junctional conductance was then determined after correcting for series resistance (4) using previously published values (2).
Cell Fixation, Staining, and Confocal Imaging. Myocytes were fixed by applying 4% paraformaldehyde and 0.5% Triton-X 100 for 5 min at room temperature. Cells were immunostained by incubating with combinations of primary antibodies for the following antigens for 1-2 h at room temperature: Cx43 (MAB3068; Millipore), β-catenin (C2206; Sigma-Aldrich), fibronectin (F2648; Sigma-Aldrich), and paxillin (610051; BD Transduction Laboratories). Alexa Fluor 488, 546, or 633 secondary antibodies (Invitrogen) against the appropriate primary antibody were then added for 1-2 h at room temperature. Cells were also incubated with DAPI and Alexa Fluor 488-, 546-, or 633-conjugated Phalloidin (Invitrogen) to stain for nuclei and actin, respectively. Stained cells were imaged with a Zeiss LSM 5 LIVE confocal microscope.
Image Processing and Quantification of Myocyte Morphology. To quantify the time scale of myocyte spreading, we fixed μtissues cultured on PDMS coverslips with isotropic or micropatterned FN and stained for actin and fibronectin after 2, 4, 8, 12, 24, and 96 h. We imaged FN islands with conserved width (12 μm) and lengths of 40, 60, and 80 μm occupied by exactly two myocytes at each time point. We then manually outlined the cell borders to quantify the area of the myocyte μtissue and divided the total μtissue area by the area of the FN island to determine the percentage of FN island coverage.
To quantify junction shape, the widths and lengths of μtissues stained for actin, β-catenin, and nuclei were measured in ImageJ (NIH) and the ratio of length to width was defined as μtissue length to width ratio (μLW). We defined the longitudinal axis of the μtissue as the x axis and the transverse axis as the y axis. Points along the cell-cell junction, as indicated by β-catenin immunostains, were manually selected and fit to the equation for the logistic function, which we defined as f J , using the curve fitting toolbox in MATLAB (MathWorks) to determine a and b:
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To quantify myofibril structure, the maximum intensity projections of μtissues stained for actin were generated from confocal z-stacks. The maximum projection image was input into custom MATLAB (MathWorks) code for detecting actin alignment based on a fingerprint detection algorithm, as previously described (5) . The orientational order parameter (OOP) was calculated for each distribution of actin orientation angles. The OOP is a commonly used metric that characterizes the degree of orientational order, with the parameter 0 for isotropic systems and 1 for perfectly aligned systems (6) (7) (8) .
TFM of Micropatterned Myocytes. After 4 d in culture, micropatterned myocytes on polyacrylamide gels were moved to an incubation chamber on a Zeiss LSM 5 Live confocal microscope maintained at 37°C and immersed in Tyrode's solution (1.8 mM CaCl 2 , 5 mM glucose, 5 mM Hepes, 1 mM MgCl 2 , 5.4 mM KCl, 135 mM NaCl, 0.33 mM NaH 2 PO 4 , pH 7.4). Spontaneously contracting myocyte μtissues were imaged with a 40X Plan-Apochromat oil objective at 40 Hz with both brightfield and 488 laser excitation to obtain movies of myocytes contracting and displacing fluorescent beads in the gel substrate over multiple contractile cycles. Following the experiment, coverslips were fixed, immunostained for β-catenin, and imaged with a confocal microscope using the same protocol described above to identify the cell-cell junction.
TFM Data Analysis. The methods used to acquire displacement and traction stress vectors from images of bead displacement have been previously described (7, 9) . Briefly, displacement of the gel was determined by comparing bead images throughout the contraction cycle to the bead image at diastole. The traction stress field was then calculated from the displacement map using Fourier transform traction cytometry methods. Traction stress vectors were discretized to a 5 × 5 μm 2 grid. To plot maximum traction stress versus maximum displacement in the longitudinal direction, the magnitude of the maximum traction stress vector (max :jσ x;μtissue j) was plotted against the maximum displacement vector (max :jΔx μtissue j) in the x-direction for single contraction cycles for multiple μtissues on soft, moderate, and stiff gels. To calculate the duration of contraction cycles, the length of time a given μtissue maintained max : jσ x;μtissue j greater than 50% peak systolic max :jσ x;μtissue j was determined.
To calculate the average longitudinal tension through a crosssection of a given μtissue, we applied the following equation from continuum mechanics for calculating the average stress in a body (10):
where V and S are the volume and surface area of the body, respectively; T i is the traction force vector in the i-direction; and r j is the position of the vector in the j-direction on the surface of the body. Note that this equation is not dependent on the location of the origin or the orientation of the coordinate system. Using the coordinate system shown in Fig. 2E , the average longitudinal stress in a μtissue is represented by σ xx . We multiplied σ xx by the cross-sectional area of the μtissue, V μtissue ∕L μtissue , where V μtissue is the volume and L μtissue is the length of the μtissue, to calculate the average longitudinal tension through a crosssection of the μtissue, N xx;μtissue :
The discretized form of N xx;μtissue is
[S4]
To apply this equation to our TFM data set, we multiplied the traction stress vectors for a given field of view by the surface area of the grid square (25 μm 2 ) to determine the traction force vectors (T n ) for each grid square, n, with the x-position, r x;n .
To calculate the average longitudinal tension in a single cell within a μtissue (N xx;cell ), we applied Eq. S3 with an added term for force at the cell-cell junction:
We estimated L cell as the length of the cell at its central axis. Similarly, we estimated the x-position of the junction (r x;junction ) as the x-position at its central axis. Thus, Eq. S5 becomes
For each μtissue, we shifted our coordinate system so that r x;junction ¼ 0, which eliminates the second term of Eq. S6. Thus, the discretized equation we applied to calculate N xx;cell is
The techniques used to calculate cell-cell junction force are based on a previously published TFM study (11) . The cell-cell interface in μtissues was identified using the β-catenin immunosignal collected after each TFM experiment. We manually traced the cell-cell junction and used the junction contour to separate theT n maps into two halves, with the left and right halves representingT n contributed by the left (cell 1) and right (cell 2) myocytes, respectively. The unbalanced traction force vector for cell 1 (~F unbalanced T;Cell1 ) was then calculated by vectorially summing~T n in the field of view corresponding to cell 1:
[S8]
F unbalanced T;Cell1 was nonzero because each cell generates force against both the ECM and the cell-cell junction, but this force vector only accounts for forces exerted against the ECM. Because each cell is in mechanical equilibrium,~F unbalanced T;Cell1 must be balanced by the amount of force exerted against the cell-cell junction (~F J;Cell1 ):
F unbalanced T;Cell1 þ~F J;Cell1 ¼ 0.
[S9]
Therefore,~F J;Cell1 can be calculated from the~T n vector field:
[S10]
The magnitude of the x-component of~F J;Cell1 (F x;J;Cell1 ¼ j∑ Cell T x;n j) represents the longitudinal force applied to the cell-cell junction. The magnitude of~F J;Cell1 indicates the total force applied to the cell-cell junction by cell 1 ðF J;Cell1 Þ:
The same analysis procedure was followed to calculate cell-cell junction forces generated by cell 2. To calculate work generated by a given μtissue, we adapted previously published methods (9) and applied this equation:
μtissue ðu x;n T x;n þ u y;n T y;n Þ;
[S12]
where u i represents displacement in the i-direction. 
